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Processing of Continuous Non-Crosslinked Collagen Fibers
for Microtissue Formation at the Muscle-Tendon Interface
Kim Sarah Koeck, Sahar Salehi, Martin Humenik, and Thomas Scheibel*
One of the main components of the extracellular matrix (ECM) in natural
tissues is collagen. Therefore, there has been a strong focus on processing
of collagen for biomaterials application in tissue engineering such as in
anisotropic tissues like muscles and tendons. To achieve native-like mechanical
properties of the in vitro processed collagen, various crosslinking methods
have been tested, but the used crosslinkers often do not yield sufficient
mechanical properties or induce considerable inflammatory reactions. Here,
good mechanical stability of collagen fibers is achieved by self-assembly
during wet-spinning without the need of additional crosslinkers. The produced
endless collagen fibers show fibril alignment within the fiber with a typical
D-band pattern and a periodicity of approximately 67 nm, which is unique
for fibril-forming collagens. Furthermore, the collagen fibers are processed
into hierarchical assemblies using textile-engineering techniques. The woven
assemblies are shown to be excellent substrates for the formation of muscle
microtissue with long, aligned, and contractile myofibers. Such constructs are
highly important at the muscle-tendon-junction (MTJ) and therefore myoblasts
and fibroblasts are co-cultured to develop an MTJ-model.
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1. Introduction

A close look at the architecture of muscle
and tendon indicates the importance
of fibrillar, hierarchical structures and
their role in generating proper physical
and mechanical properties. Therein, as
many other tissues, collagen type I fibers
are responsible for providing the physiological and mechanoactive environment
to coordinate cellular activity.[1–3] There
are at least 28 different collagen types in
vertebrates, of which most self-assemble
into fibrils by an entropy-driven process
caused by the loss of solvent molecules
from the surface leading to an energetically minimized area/volume ratio.[2,4] In
tissue engineering, often collagen type
I-based biomaterials and fiber processing
techniques are used to mimic the natural
micro-/nanostructure of different tissues.[2,5,6] As collagen is biocompatible,
biodegradable, and shows low immunogenicity,[3,7] techniques such as electrospinning, self-assembly,
and wet spinning have been used to process collagen into fiber
morphologies.[8–10,5,11] In wet spinning approaches collagen is
first dissolved in a suitable solvent, and fiber formation occurs
as soon as the solution is extruded into a coagulation bath,[12–14]
consisting of a poor-solvent (non-solvent) or a non-solvent/solvent mixture. Coagulation occurs due to neutralization, dehydration, and/ or ion exchange.[15] However, the wet-spinning of
collagen fibers, as of yet, has failed to yield nature-like structures, bioactivities, or mechanical strength.[16] Previous studies
on the production of collagen fibers out of diluted acids[12,13,17–21]
upon coagulation in pure ethanol,[12] phosphate buffered saline
(PBS) buffers,[22] or polyethylene glycol (PEG)-containing buf
fers,[11,17,19,21,23] required additional chemical crosslinking
using genipin,[13] glutaraldehyde,[13] 1-ethyl-3-(3-dimethylaminopropyl)
carbodiimide/N-hydroxysuccinimide
(EDC/
NHS),[12,24] glyoxal,[23] or formaldehyde[20] to ensure acceptable mechanical properties. While previous studies focused on
crosslinking strategies to enhance the mechanical properties
of spun fibers, emphasis on determining the effect of these
crosslinking processes on host tissue responses was neglected.
Such crosslinking agents are mostly cytotoxic and have to be
thoroughly removed before collagen fibers can be used in context with living cells.[25] Furthermore, insufficient crosslinking
can result in lower tensile strength.[23] Delgado et al. discussed
the response of host tissue and macrophages to different
crosslinking methods and densities for stabilizing collagenbased scaffolds. In vitro and in vivo data showed that such
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chemical crosslinking methods alter the normal wound healing
process, even at low concentrations. Using higher concentrations resulted in M1 macrophage response and inhibition of M2
macrophage polarization, reduced cell infiltration, increased
proinflammatory cytokine expression, chronic wounds, periimplantation fibrosis, and delayed wound healing.[26]
We previously showed the production of collagen microfibers
with good mechanical properties without using crosslinking
agents. However, the mechanical properties were measured only
in dry state and not in a hydrated one.[17] Non-crosslinked collagen fibers in a hydrated state are known to be less mechanically
stable.[13,23] Further, in most tissue engineering applications such
as large-scale musculoskeletal tissue regeneration, collagen-based
scaffolds are more common than single fibers. Textile techniques
(e.g., weaving and braiding) allow to produce fine-tuned tissuelike constructs mimicking the microarchitecture of the native tissues as well as enhancing the stability of the collagen fibers in
wet state.[27] Such techniques offer control of the fabricated constructs’ size, shape, porosity, and of mechanical properties of the
fabricated constructs to mimic that of muscles, tendons, or their
interface.[11,28] Therefore, we here extended our processing set-up
to yield hierarchically structured collagen constructs.
Musculoskeletal tissues (muscle, muscle–tendon junction
(MTJ), tendon, etc.) are anisotropic tissues with specific collagen
fiber orientations, which provide stability, integrity, and mobility
to the body.[5] The native MTJ comprises three distinct regions:
The first is muscle tissue which is predominantly composed of
multinucleated myofibers. Myofibers arise through differentiated myotubes, which form by the fusion of multiple myoblasts
into multinucleated myotubes with diameters in the range of
20–100 µm. Myofibers are surrounded by a thin layer of connective tissue (endomysium) composed of laminin and collagen
type IV.[29] 20–80 closely parallelly packed myofibers form a fiber
bundle.[30] Several fiber bundles covered by a thin layer of type I
collagen-rich perimysium build the maturated muscle tissue.[29]
The muscle epimysium (the sheath layer of muscle tissue) primarily consists of large collagen bundles with a crimp pattern
reminiscent of that in tendon.[29] The functionality of skeletal
muscle is afforded with contractile fibers or myofibrils.[30–32] The
contracting structures and fundamental units of myofibrils are
called sarcomeres.[31] At the complex interface between cell-rich
muscle and ECM-rich tendon, reflecting the second region, the
two phases are merged.[33,34] Tendon, as the third region, is made
up of closely packed collagen fibers and sparse fibroblasts.[34,35]
While skeletal muscle tissues have an inherent ability to
regenerate from minor trauma, defects larger than a critical
volume (≥20%) cannot heal without fibrotic scar tissue formation and partial loss of function.[30,31,36] Further, repaired tendons are almost always weaker than healthy tendons; this may
be due to a lack of mechanical stimulation during the repair
stage.[37] Injuries at the MTJ are common, and failure most
likely occurs due to the differences in mechanical properties
of muscle and tendon.[38] Therefore, in vitro tissue-engineering
approaches are essential to regenerate the anisotropic nature of
the MTJ with its complex and highly organized structure.[39]
Microscopically, MTJ is composed of overlapped fragments of
both muscle and tendon tissue and an extensive adhesion surface
in between. The ECM, the 3D network of molecules within the
tissue, forms a continuum that connects muscle and tendon.[40] On
the side of the skeletal muscle, collagen fibrils provide mechanical
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stability and regulate cell adhesion and differentiation.[40] At the
MTJ, muscle fibers form structures that integrate with the ECM
elements of the tendon collagen fibers.[41] The analysis of the
mechanisms underlying MTJ formation showed the presence of a
unique cluster of cells expressing both myogenic as well as fibroblastic characteristics.[42] Fibroblasts have switched on a myogenic
program, and these dual identity cells fuse into the developing
muscle fibers along the MTJs. This mechanism was suggested to
result in a hybrid muscle fiber, primarily along with the fiber tips,
which enables a smooth transition from muscle fiber characteristics toward tendon features essential for forming robust MTJs.[42]
Additionally, the co-culturing of fibroblasts has been shown to promote the proliferation of C2C12 cells due to the paracrine effect
on myoblasts.[43] The fibroblasts secrete ECM components and
growth factors that may also contribute to the improved survival
and differentiation of myotubes.[44] In contrast, in the context
of adult wound healing, tendon cells do not regenerate tendons
as part of normal healing. Unlike regenerative tissues such as
muscle, which are regulated by tissue-specific stem cells that drive
tissue replacement, tendons heal by scarring and sometimes by
abnormal differentiation toward cartilage or bone.[40]
Here, we processed a blend of collagen type I/III into continuous non-crosslinked fibers with good mechanical properties
and used textile-engineering techniques to fabricate scaffolds
supporting contact guidance, alignment, differentiation, and
myofiber formation with organized sarcomere structures. We
further demonstrated the application of such construct as MTJ
model upon co-culture of myoblasts and fibroblasts.

2. Results and Discussion
2.1. Continuous Collagen Fiber Production
Continuous collagen fibers were wet spun, as depicted in
Figure 1. Collagen I/III grist from equine deep flexor tendon
was dissolved in 10 mm hydrochloric acid (HCl) and spun into
a coagulation bath containing ammonium hydroxide (NH4OH)
and acetone at a 1:50 volume ratio. Fibers formed upon the pH
shift from 3 to 9 and the dehydrating effect of the coagulation
bath combined with the shear force (FS) induced by flowing
through the needle (Figure 1a).
The protein assemblies obtained in the spinning dope were
compared to that obtained in the coagulation bath using atomic
force microscopy (AFM) in order to unravel the morphological
basis of the continuous fibers (Figure 1b,c). In the spinning
dope, flat (<40 nm) and broad (>10 µm) fibrous agglomerated
collagen molecules as well as partially dissolved collagen fibrils
(which were likely already crosslinked within the natural starting
material), could be identified using cross-sectional analyses
(Figure S1a,b, Supporting Information), height analyses, and
amplitude representations of the AFM scans (Figure S1c–f, Supporting Information). In contrast, self-assembled collagen fibrils
could be identified in the coagulation bath (Figure 1c). The fibril
topography indicated a typical D-band pattern with a periodicity
of approximately 67 nm, which generally represents a unique
ultrastructural feature of all fibril-forming collagens and correlates with the intra-fibrillar register of tropocollagen monomers.
The pattern, which is in agreement with the periodicity of native
type I collagen observed by Kadler et al.,[4] has previously not
© 2021 The Authors. Advanced Functional Materials published by Wiley-VCH GmbH
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Figure 1. a) Schematic representation of the wet-spinning setup. The collagen solution is extruded into a coagulation bath through a needle connected
to a syringe pump. Shear forces (FS) and a pH shift result in an alignment of the protein chains and fiber formation (close-up). To prolong the exposure
time in the coagulation bath, the fibers were spun in a graded cylinder of a specific height (hS) in order to achieve stable fiber formation and enabling
rolling-up. The distance between the coagulation bath and the guide pulley (hD) and the cylinder height (hs) were adjusted in accordance with the
needle diameter. AFM scans (amplitude representations) of the collagen structures in b) acidic spinning dope and c) in the alkalic coagulation bath.
d) Different collagen fiber diameters depending on the needle size in dry and wet state. e) Collagen fibers were collected continuously on a roll. f) A
single collagen fiber (ø 80 µm) is strong enough to lift the load of 50 g.

yet been shown in artificially spun collagen fibers, to the best
of the authors knowledge. The results were confirmed in the
height images, sectional analysis as well as amplitude representation (Figure S1i–l, Supporting Information). Large area scans
and cross-sections thereof (Figure S1g,h, Supporting Information) revealed prevalently well-defined fibrils with diameters of
13–83 nm. The resulting single collagen fibers in different diameters (Figure 1d), spun with a maximal production rate of 34 m h–1
(27G), 25 m h–1 (21G), and 12 m h–1 (18G) were continuously collected (Figure 1e), and a single 18G fiber was strong enough to
lift the load of a 50 g weight (Figure 1f).
The flow behavior of collagen type I/III (dissolved in 10 mm
HCl) showed decreasing viscosity with increasing shear rate (i.e.,
a shear-thinning behavior of the solution) due to predominated
disentanglement of the collagen molecules, beneficial for the
spinning process.[45] Furthermore, with increasing concentration,
the viscosity increased (Figure S2, Supporting Information). The

shear rate (γ ) during spinning depending on the corresponding

volumetric flow rate (V ) as well as needle diameter influenced
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the molecule orientation based on Equation (1).[46] Higher shear
rates resulted in more fibril alignment. The needle gauge (27G)
with an inner diameter of 220 µm and a volume flow rate of
0.4 mm3 s–1 resulted in a shear rate of 392 s–1.
Between 10 and 15 mg mL–1, the wet spinning of collagen
was possible, resulting in solid and stable fibers. Fibers were
formed with aligned morphology showing strong intermolecular interactions, which is in accordance with observations
made by Siriwardane et al. and Zeugolis et al.[13,21] Concentrations above 15 mg mL–1 yielded in-homogenous fibers, due to
less orientation of the collagen fibrils within the fiber.
Mechanically stable fibers were achieved upon extrusion into
the coagulation bath to prevent relaxation and reorientation
caused by Brownian diffusion.[47] The height of the coagulation
bath and the time in air were dependent on the needle size and
the correlating fiber diameter. The thicker the fiber, the more
time was needed to solidify and dry the fiber. Spinning with
27G needles required a solidifying height (hS) of 10–15 cm and a
drying height (hD) of 50 cm.
© 2021 The Authors. Advanced Functional Materials published by Wiley-VCH GmbH
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Figure 2. Mechanical and morphological properties of wet spun collagen fibers. a) Representative stress–strain curve of a dry and wet collagen fiber. The
inset shows the toe region observed in the case of wet fibers (green box). b) Mechanical properties of wet-spun collagen fibers (n = 10). 10 mg mL–1 first
dissolved in 10 mm HCl before extrusion into a coagulation bath. c) Representative SEM image of the collagen fiber surface morphology, i) inset showing
the grooves on the fiber surface. d) Fracture surface morphology of the breaking point after rupture visualized using SEM showing the collagen fibrils.

2.2. Fiber Characterization
In the stress–strain curves of collagen fibers (Figure 2a), dry fibers
showed a linear elastic region from 0% to 2% strain followed by a
viscoelastic deformation until a breakpoint at around 16% strain.
In wet state, the stress-strain curve of the collagen fibers showed a
toe region (0–5%) at the beginning (Figure 2a, enlargement), followed by an elastic region with fiber failure at the end.
Calculated toughness and tensile strength of collagen fibers
were indistinguishable independent of the solvent used using
a 10 mg mL–1 spinning dope. Only the Young’s modulus
(5106 ± 447 MPa) obtained for fibers spun out of HCl was
slightly higher compared to that of fibers spun out of acetic acid
(AcOH) (4089 ± 472 MPa) (Table S1, Supporting Information).
When hydrated, the collagen fibers generally showed lower
tensile strength, Young’s modulus, and toughness but higher
elongation and diameter than dry-state fibers (Table S2, Supporting Information).
Our values of 241 MPa were comparable to that of fibers produced by Siriwardane et al.[13] (240 MPa) and Zeugolis et al.[21]
(237 MPa). The tensile strength was slightly lower despite
not being crosslinked in comparison to fibers made by
Haynl et al.[17] (383 MPa). The higher values are probably due
to the lower fiber diameter in that study, in which microfluidic channels were used for collagen spinning. The Young’s
modulus of the collagen fibers prepared here (5106 ± 447 MPa)
showed significantly higher values than that of all previously
published fibers.
The air-dried fibers appeared homogeneous with a slightly
rough surface (Figure 2c) and a nanofibrillar sub-structure
Adv. Funct. Mater. 2021, 2112238
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(Figure 2d). The scanning electron microscope (SEM) micrograph (Figure 2d) confirmed the AFM data (Figure 1; Figure S1,
Supporting Information), showing the implementation of the
fibrils into the core structure of the final collagen fibers. Such
structures resemble the hierarchical setup of high-performance
protein fibers such as silk fibers.[48,49] The sub-structures significantly contribute to the mechanical performance by homogeneously distributing the pulling stress.[48,49] Overall, these results
show a straight forward fabrication technique for continuous
collagen fiber production without any crosslinking. The tunable
mechanical properties of the reported fibers predestinate them
for the formation of anisotropic tissues.
2.3. Cell-Fiber Interaction
As skeletal muscle tissue consists of muscle fiber bundles
formed after the fusion of undifferentiated myoblasts into
multinucleated, long, and cylindrical myotubes, the fiber matrix
likely plays an important role in guiding the formation of
muscle bundles.[50]
First, we evaluated the proliferation, viability, and alignment of C2C12 mouse myoblasts on our collagen fibers with
that on treated tissue culture plates (TCP) or collagen films
as controls (Figure 3). Live-dead assays showed cell viability
above 90% on collagen fibers and films after 1, 3, and 7 days
of culture (Figure S3a,b, Supporting Information). No significant differences were detected between the viability of the cells
cultured on fibers with different diameters and films. However,
it has to be mentioned that live-dead assay results are limited,
© 2021 The Authors. Advanced Functional Materials published by Wiley-VCH GmbH
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Figure 3. Cell culture analysis of C2C12 myoblasts on collagen films, or wet spun collagen fibers. a) Cell alignment: Fluorescence images of 4′,6-diamidino-2-phenylindole dihydrochloride (DAPI) (blue, nuclei)- and phalloidin (green, actin filaments)-stained cells after 1, 3, and 7 days of cultivation.
b) AlamarBlue proliferation assay of cells on TCP (acting as positive control) or collagen fibers after 1, 3, and 5 days showing an increased metabolic
activity. c) Quantification of cell alignment on collagen fibers or collagen films (cell body orientation angles of <10° to fibers were considered as aligned)
(n = 3; significant differences: ***p ≤ 0.001). Scale bars are 100 µm.

as dead cells usually detach from surfaces and would not be
visible. The additionally performed alamarBlue assay clearly
showed proliferation and an increasing number of living cells
on TCP and fibers through increased metabolic activity after
3 and 5 days (Figure 3b). The cells perfectly aligned on collagen fibers in contrast to the random orientation and spread
morphology on collagen films. Cell orientation and alignment
were visualized and quantified using fluorescence images
after staining actin filaments (Figure 3a,c). The quantitative
analysis revealed cell bodies’ alignment on fibers on day 1
and 7, with 98 ± 1% and 99 ± 1%, respectively. In contrast, cell
alignment on collagen films decreased from 20 ± 4% on day 1
to 6 ± 1% on day 7 (Figure 3c). Furthermore, the oriented cells
grown on fibers and films were imaged after 1 day using SEM
(Figure S3c,d, Supporting Information). C2C12 cells on fibers
spread along the fiber axis and showed a highly aligned morphology. The fiber surface perfectly guided the cell’s contact and
adhesion, showing an aligned morphology along the fiber axis.
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2.4. Myogenesis on Collagen Fibers
To investigate the differentiation of myoblasts into myotubes,
differentiation was induced after 9 days of culture and continued for 7 days. Figure 4 shows the positive effect of fiber morphology on myogenesis compared to that of the control (TCP).
For quantification, a minimum of 5 images and 50 myotubes
were analyzed per setting. After 7 days, the majority of C2C12
myoblasts had fused and formed multinucleated myotubes
along the collagen fiber axis with a maximum length of 600 µm
(Figure 4c,h). Myotubes formed on collagen fibers showed
well-formed A bands and Z-lines (Figure 4e,f) visible at the borders as well as in the center of the myotubes. Myotubes on collagen fibers were well aligned (96%) (Figure 4g). The average
length of myotubes formed on TCP, after 7 days of differentiation, was higher (≈640 µm) than on fibers (≈380 µm), which
is due to the larger area for the access of cells on the tissue
culture plate (12-well plate) (Figure 4h). However, the aspect

© 2021 The Authors. Advanced Functional Materials published by Wiley-VCH GmbH

www.advancedsciencenews.com

www.afm-journal.de

Figure 4. Myogenesis of C2C12 myoblasts on wet spun collagen fibers. a–d) Fluorescence images of cells cultured on TCP or collagen fibers after 4 and
7 days of differentiation (stained with mouse anti-fast skeletal myosin antibody, using Alexa Fluor 488 conjugated IgG secondary antibody and Hoechst
to stain nuclei). Scale bars are 250 µm. e,f) Fluorescence confocal images showing the myotubes’ internal structure after staining using mouse anti-fast
skeletal myosin antibody or anti-sarcomere α-actinin antibody and Alexa fluor 488 conjugated IgG as a secondary antibody showing nuclei, A bands
and Z lines (indicated by arrows). Scale bars are 25 µm. g) Alignment of myotubes (cell body orientation angles of <10° to fibers were considered as
aligned), h) myotube length, and i) aspect ratio (myotube length/width) formed on wet spun collagen fibers or TCP after 4 and 7 days in differentiation
medium (n = 3; significant differences: **p ≤ 0.01, and ***p ≤ 0.001).

ratio of the myotubes on TCP was lower, which was due to the
larger width of the formed myotubes on TCP (Day 4: 24 ± 1,
Day 7: 26 ± 2) compared to myotubes formed on collagen fibers
(Day 4: 27 ± 2, Day 7: 27 ± 2) (Figure 4i).
Adv. Funct. Mater. 2021, 2112238
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The contractile activity of the skeletal muscle cells depends
on the precise spatial arrangement of myofibrils in myotubes.[51]
Repeated units in the structure of myofibrils, known as sarcomeres, consist of myosin (thick filament) and actin (thin
© 2021 The Authors. Advanced Functional Materials published by Wiley-VCH GmbH
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Figure 5. Representative images of multinucleated myofibers. a) SEM image of myotubes (cell body false colored in red, cell nuclei colored in blue)
on a collagen fiber after 7 days of differentiation. Cells grew and fused along the fiber axis. b) Light microscopy image of myotubes on collagen fibers
during electrical stimulation (length ≈ 650 µm).

filament) arranged in a repetitive manner.[52] The repeated units
are visible under the microscope as two dark lines originating
from densely packed proteins (Z lines) between which two light
bands of actin filaments (I bands) are located. I bands are separated by a dark A band containing myosin filaments.[53] Due to
the critical role of myofibril assembly in muscle contraction,
immunostaining toward myosin and α-actinin was performed
to visualize the A band and Z line (Figure 4e,f). Next, the contractibility of the myofibers was tested after stimulation with
electrical pulses. A synchronous contraction could be observed
in differentiated myotubes after electrical stimulation (using
3–6 V, frequency: 1 Hz, duration: 1 ms), further confirming
the intracellular organization of sarcomeres and myofiber
maturation (Figure 5; Movie S1, Supporting Information). The
myofibers started beating synchronously after applying continuous square electrical pulses (Movie S1, Supporting Information). Altogether, our results clearly showed contraction and formation of A bands and Z lines in the majority of the myotubes,
confirming the suitability of the collagen fibers to support the

formation of myofibers with a regular array of sarcomeres and
striated morphology similar to that of natural skeletal muscle
fibers.[54]
2.5. Processing of Collagen Fibers into Complex Structures
Next, we evaluated textile-engineering techniques such as weaving
and braiding to process the wet spun collagen fibers, extending
their applicability to more complex 3D structures (Figure 6). Using
a 3D printed tape loom (Figure 6a) with 21 warp and one weft
threads, flat structures (2D) with widths of 1200 µm (21G fibers,
Figure 6b) and 1700 µm (18G fibers) and tubular woven structures
(3D) with an inner diameter of 500 µm (21G fibers, Figure 6c) and
1000 µm (18G fibers) were created. Using a 3D printed frame,
another flat structure was fabricated by weaving 21G collagen
fibers into a 3 × 3 cm2 construct (Figure 6d). By braiding three
single collagen fibers, an 8 cm-long, flat, solid, three-stranded
structure was fabricated (Figure 6e).

Figure 6. Collagen fiber processing. a) Photograph of the tape loom used to fabricate flat and tubular woven collagen structures. SEM images of structures with various morphological features fabricated using wet spun collagen fibers. Image of collagen fibers woven in a b) flat and c) tubular structure
fabricated using a tape loom. d) Image of a flat structure created by weaving collagen fibers using a frame. e) Image of a braided structure using three
single collagen fibers. Scale bars are 500 µm.
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Figure 7. 3D woven tubular structures based on our wet spun collagen fibers. a) Fluorescence image of C2C12 myofibers cultured on a collagen fiber tube after
7 days of culture (stained with anti-sarcomeric α-actinin antibody, revealed by Alexa fluor 488 conjugated IgG secondary antibody and Hoechst to stain nuclei).
b) Fluorescence confocal image of a C2C12 myotube and its sarcomere structure (stained with mouse anti-fast skeletal myosin antibody, revealed by Alexa fluor
488 conjugated IgG secondary antibody and Hoechst to stain nuclei) on a collagen fiber tube after 7 days of differentiation. c) SEM image of multinucleated
myotubes on a collagen fiber tube after 7 days of differentiation and a i) close-up image showing myotubes covering the tube surface (cell body colored in red).

To the best of our knowledge, only one report from
Tonndorf et al. exists on pure assembled collagen structures
made from wet-spun collagen multifilament yarns (comprising
6 filaments).[11] However, the single collagen fibers used there
showed an irregular cross-section, only flat structures were produced, and they were relatively large due to the assembly of the
6-filaments yarn. Similarly, Xie et al. created collagen/Poly lactic
acid (PLA) scaffolds using a knitting machine for a potential
cardiac application.[55] However, they were not able to produce
pure collagen scaffolds, and processed structures were only flat.
2.6. Myogenesis on Collagen Fiber Structures
Textile engineering approaches have been previously used in
musculoskeletal tissue engineering to fabricate substrates with
specific morphology and strength for the functional repair
of ligaments and tendons, but to the best of our knowledge,
these structures were not fabricated to produce anisotropic
scaffolds for skeletal muscle tissue engineering.[27,28,56] As wet
spun collagen fibers provided excellent support for C2C12
myogenesis and the formation of long, aligned, and multinucleated myofibers along the fiber axis (Figure 4), two different
morphologies were chosen to analyze the formation of muscle
microtissue. Tubular woven structures (Figure 6c) and flat
structures (Figure 6b) made from 21G or 18G wet spun collagen
fibers were seeded with C2C12 myoblasts. After 6 days of culture in growth medium, differentiation of myoblasts into myotubes was induced and continued for another 7 days.
Fluorescence (Figure 7a) and SEM (Figure 7c) imaging of
myotubes formed on collagen fiber assemblies showed high
Adv. Funct. Mater. 2021, 2112238
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alignment of myotubes along the fibers, covering the entire
tube surface (Figure 7c,i cell body colored in red). Tubular constructs were first imaged on the fiber surface and afterward cut
lengthwise to image the internal cross-section. The open spaces
between the fibers allowed the cells to spread inside and outside. Moreover, the open pores facilitated nutrition and waste
product exchange within the tubular (6857 ± 3897 µm) and flat
(7173 ± 2384 µm) assemblies. Both flat and tubular collagen
fiber structures were completely covered with myotubes inside
and outside. Furthermore, immunofluorescence imaging of
stained myotubes using confocal microscopy (Figure 7b) clearly
showed the multinuclear structure and presence of sarcomere
myosin in differentiated myotubes formed on the collagen fiber
assemblies. Therefore, it can be concluded that the produced
3D constructs can support muscle fiber formation with an
organized internal structure similar to that of native tissue.[30,57]
2.7. Co-Culture of C2C12 Myoblasts and NIH/3T3 Fibroblasts
to Develop an MTJ Model Using Collagen Fiber Assemblies
To mimic the MTJ situation (Figure 6a), we co-cultivated C2C12
myoblasts and NIH/3T3 fibroblasts on flat structures made
from 21G wet spun collagen fibers shown in Figure 6b. In a
first approach, both C2C12 myoblasts and NIH/3T3 fibroblasts
were labeled with cell tracker, C2C12 with green and fibroblasts
with red stains (see experimental section for details).
Successful adhesion and proliferation of both cell types were
demonstrated on our collagen fiber-based constructs. Both
cell types grew along the fiber surface and proliferated within
five days of culture (Figure 8c). Then, they were moved to the
© 2021 The Authors. Advanced Functional Materials published by Wiley-VCH GmbH
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Figure 8. Co-culture of C2C12 myoblasts and NIH/3T3 fibroblasts on flat collagen fiber structures. a) Schematic illustration of MTJ tissue. b) Alignment of myotubes formed on collagen fiber constructs after 4 and 7 days in differentiation medium (cell body orientation angles of <10° to fibers were
considered as aligned). c) Confocal images of C2C12 (green) and fibroblasts (red) stained using cell tracker (see Experimental Section for details) after
3 days of cultivation in growth medium. d) Confocal image of C2C12 myotubes (α-actinin, green) and fibroblasts (actin, red) after 7 days of differentiation.
e) Representative SEM image of co-cultured C2C12 (white arrows) and fibroblasts (black arrows) after 7 days of differentiation on our collagen structures.
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differentiation medium. Formation of long and aligned myotubes after changing to differentiation medium was visible in
samples cultured with labeled cells. Cells which were labeled
with cell tracker were still visible, and myotubes formed after
the fusion of the labeled cells appeared green within the red
labeled fibroblast cells after almost ten days of culture.
In a second approach, cells were seeded on the constructs
like in the previous approach but without cell tracker. After five
days of culture in the growth medium, the cell constructs were
moved to the differentiation medium for another seven days.
After day 7, nuclei were stained with Hoechst, and cells were
immunostained using anti-sarcomere α-actinin (green color)
for myotubes and actin (red color) staining for fibroblasts.
Using confocal microscopy (Figure 8d) and SEM (Figure 8e),
fibroblasts (black arrows) and myotubes (white arrows) were
detected on the collagen fiber assemblies. After seven days of
culture, highly aligned myotubes (87 ± 13%, Figure 8b) are perfectly visible on the left side of the constructs and fibroblasts on
the right side of the construct, covering the entire structure surface. Furthermore, myotubes were not only formed on the surface but also in deeper levels within the constructs (Figure S5
and Movie S2, Supporting Information). Therefore, it can be
concluded that the co-culture of fibroblasts and myoblasts on
3D fabricated collagen constructs can be used as a model for
the MTJ.

3. Conclusion
Wet-spun collagen I/III microfibers were produced with an
internal fibrillar structure showing a D-band pattern typical
for native collagen fibers. By processing these mechanically
stable collagen microfibers using textile engineering techniques, more complex 3D-constructs with inter-porosities
were achieved. Collagen-based tubular and flat structures are
beneficial for designing skeletal muscle microtissues because
they enable the formation of long, aligned, and contractile
myofibers. The generated 3D muscle fiber bundles showed
highly organized intracellular organization and synchronous
contraction after electrical stimulation, confirming the mature
state of the myofibers. Further, an MTJ model was established
using a co-culture of C2C12 and NIH/3T3 fibroblasts with both
cell types growing and proliferating along the collagen fibers.
This approach is well suited to allow the gradual fabrication
of functional tissue in vitro, which can be used to mimic the
native MTJ structure for further applications. Overall, the significance of these collagen-based assemblies based on noncrosslinked collagen fibers with tubular structures can expand
into the fabrication of vascularized and innervated tissue for
several biomedical applications.

(FBS), pure ethanol, hydrochloric acid (HCl), and phosphate buffered
saline (PBS) were obtained from VWR (Darmstadt, Germany). Treated
well plates, Phalloidin Dylight 488, DAPI, penicillin/streptomycin (pen/
strep), goat anti-mouse IgG-Alexa Fluor 488 (A11001), glutamine,
Hoechst 33258, Insulin-Transferrin-Selenium Supplement (100×) (ITS),
minimum essential medium (MEM), MEM-essential amino acid, SYTO
Green Fluorescent Nucleic Acid Stain Sampler Kit, and treated as well as
non-adherent well plates were obtained from Thermo Fisher Scientific
(Bonn, Germany). Mouse monoclonal anti-fast skeletal myosin IgG
antibody (MY-32, ab-7784) and anti-sarcomere α-actinin antibody (EA53, ab-9465) were obtained from Abcam (Cambridge, UK). Cell tracker
red CMTPX was purchased from Invitrogen. All other chemicals were
purchased from Carl-Roth GmbH + Co KG (Karlsruhe, Germany).
Preparation of Wet Spinning Solutions: Collagen I/III grist was dissolved
in either AcOH (350 mm) or HCl (10 mm) at different concentrations (5, 10,
and 15 mg mL–1) to achieve homogeneous solutions. The mixture
was shaken vigorously until no pieces were visible, and mixing was
continued for two days at 4 °C. Next, it was filtered through a membrane
(90 × 90 µm mesh) and centrifuged at 10 000 × g for 10 min to remove
air bubbles.
Wet Spinning: Collagen solutions were extruded into a coagulation
bath consisting of NH4OH and acetone at a 1:50 v/v ratio (pH 9) using a
syringe pump (Harvard Apparatus Inc., Holliston, MA, USA) using flow
rates of 25–30 µL min–1 (27G), 45–50 µL min–1 (21G), and 70–75 µL min–1
(18G). Solid fibers were air-dried and guided over a guide pulley to the
collecting drum and automatically collected.
Collagen Film Production: Collagen films were prepared by casting
collagen solution (10 mg mL–1) into a 35 mm glass dish followed by
adding coagulation solution and overnight incubation in a closed dish.
Afterward, films were washed with water and dried overnight.
Fiber Processing: Collagen fibers were woven into flat and tubular
structures using a 3D printed tape loom. One continuous collagen fiber
was wound through the holes and slots of the heddle as warp threads
(21 threads), and fibers were fixed about 10 cm in front of the heddle
(Figure S4d, Supporting Information). One weft collagen fiber was then
wound around a shuttle, and the end was fixed to the warp threads. For
weaving, warp threads were moved up and down while the weft thread
was passed through the alternating shed.
AFM Analysis: Collagen solution (0.1 mg mL–1, 40 µL) was spotted on
freshly cleaved mica plates (ø 10 mm, V1 grade, Plano GmbH, Germany)
and incubated for 5 min. One sample was washed with MilliQ water, and
one sample was treated with wet spinning coagulation buffer for 5 min
before washing.
AFM imaging of dry nanofilm samples was performed on a Dimension
ICON with Nano scope V controller (Bruker, Santa Barbara, CA) in
Tapping Mode using Si cantilevers (OTESPA-R3, f0 300 kHz, k: 26 N m–1,
Bruker). For imaging, light tapping (ratio of set point amplitude to free
amplitude ≈0.7–0.9) was applied. AFM scans were processed using Nano
Scope Analysis Software Version 1.50 (Bruker, Santa Barbara, CA).
Rheological Analysis: The viscosity of the collagen solutions was
analyzed using a shear rheometer (Discovery HR-2, TA Instruments,
Eschborn, Germany) in rotation mode with a 25 mm steel plate
geometry and a gap size of 100 µm. A ramp test was performed with a
shear rate range of 1–1000 s–1 and a measuring time of 4 min at 25 °C.
These measurements were repeated on five individual samples from
each experimental group. The approximated shear rate within the used
needles was calculated depending on the corresponding volume flow
rate using the equation Hagen/Poiseuille:[45]


γ =

4. Experimental Section
Materials: Collagen I/III grist from equine deep flexor tendon
was provided by RESORBA (Nuremberg, Germany). Ammonium
hydroxide (NH4OH), Phalloidin-Tetramethylrhodamin B-Isothiocyanat
from Amanita phalloides, and tert-butanol were purchased from
Sigma-Aldrich (Taufkirchen, Germany). Acetic acid (AcOH), Acetone,
Dulbecco’s modified Eagle’s medium (DMEM), fetal bovine serum
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4·V
π · R3


(1)


where γ is the shear rate, V the volumetric flow rate and R the radius of
the needle.
Tensile testing: Mechanical properties of the fibers were determined
using a tensile testing device (ElectroForce 3200, TA Instruments, DE,
USA) with 2.5 N or 0.49 N load cells for testing dry and wet fibers,
respectively. Small sections of collagen fibers were randomly selected
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and fixed onto paper frames with a gap of 10 mm using two-component
glue in case of dry samples. The glue was left to dry under a fume hood
for at least 12 h. For tensile testing in wet condition, one layer of a PLA
(black PLA filament, Ultimaker 3, Germany) frame was 3D printed using
an Ultimaker 3 (Ultimaker, Germany), then fibers were placed on the
first layer in the middle of the frame, and a second layer was printed
on top. Before testing, fibers were incubated in MilliQ water for 48 h.
Fiber diameters were measured using a light microscope. The frames
were then fixed between the clamps of the testing device and pulled
apart until failure at a rate of 0.01 mm s–1 at a relative humidity of 40%,
and room temperature (RT). The Young’s modulus (E) was obtained
by calculating the slope of the stress–strain curve in the linear elastic
region. The fiber toughness was calculated by integrating the stress–
strain curve. The measurements were repeated for a minimum of ten
individual samples.
Cell Culture Experiments: Collagen fibers were incubated with murine
C2C12 muscle cells (ATCC CRL-1772, Manassas, VA). Six pieces of
collagen fibers with different diameters were fixed in CellCrown inserts
(Scaffdex, Finland). After multiple washing steps with water and 70%
ethanol for one hour, fibers were moved to Dulbecco’s phosphatebuffered saline (DPBS), washed with PBS, and sterilized on a clean
bench with UV light for 20 min. C2C12 cells were trypsinized and cultured
on fibers, films, or TCP. After 30 min incubation of cell suspension with
samples at 37 °C, a growth medium was added to each sample and was
refreshed every two days. The growth medium of C2C12 cells contained
DMEM, FBS (10% v/v), penicillin/streptomycin (1% v/v), glutamine
(4 mm), and 4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid (20 mm).
The proliferation rate was measured using the alamarBlue assay after
culturing 10 000 cells per well on fibers and TCP after 1, 3, and 5 days
of culture. According to the manufacturer’s protocol, reagent (10%) was
added to the samples at each time point, incubated for 90 min at 37 °C
and stirred gently every 30 min to avoid gradients. The reacted media
was removed from each sample and kept on ice in the dark; the solution
(100 µL) was transferred to a 96-well plate followed by measuring its
absorbance using a plate reader (Mithras LB, Germany) at 560 nm
(excitation) and 590 nm (emission) wavelength. The negative control
was prepared by mixing 10% alamarBlue in medium. Three repeats were
performed for each experiment.
For live/dead staining and cell alignment, 1.2 × 106 cells mL–1 were
cultured on fibers or films. To study myogenesis, 1 × 105 cells mL–1 were
cultured on fibers or tissue culture plates. Live dead staining: Viability
and proliferation of C2C12 cells were evaluated on the collagen fibers
after 1, 3, and 7 days of culture in growth medium. Three repeats per
sample were stained and imaged using fluorescence microscopy (Leica
DMi8, Germany). Cells were stained following the manufacturer’s
protocol (Thermo Fisher Scientific (Bonn, Germany) upon addition of
ethidium homodimer-1 (dead cells) and calcein (live cells). The viability
was measured by analyzing five images per sample and by dividing the
counted live cells by the total number of cells.
Cell alignment: Cell elongation and cell alignment were evaluated after
1, 3, and 7 days of culture in growth medium by staining actin filaments
and nuclei using Phalloidin and DAPI. To stain the actin filaments and
nuclei after fixation of samples using 3.7% formaldehyde, cells were
permeabilized using Triton (0.1% v/v) for 5 min at RT. The staining
solutions, DAPI and phalloidin were added to the samples followed by
30 min incubation at RT. Fluorescent microscopy was used for imaging
the cells, and 5 images of each sample were further analyzed with Image
J to investigate cell alignment. Cell bodies showing orientation angles
less than 10° were considered as aligned.
The same samples were also used to analyze the morphology of the
cells and fibers using SEM (Carl Zeiss Microscopy GmbH, Germany, and
Apreo VS, Thermo Fisher Scientific, Germany). Therefore, the samples
were dehydrated using a gradual concentration of ethanol in water
(50%, 70%, 80%, 90%, 100%) on ice for 5 min. Samples were completely
dehydrated using a 1:2 dilution of tert-butanol in ethanol and pure tertbutanol for 5 min at RT, and frozen at −80 °C for 1 h before lyophilization
overnight. Before imaging using SEM, samples were sputter-coated for
30 s at 30 mA with gold.
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Myogenesis on Collagen Fibers: After 9 days of culture on collagen
fibers and TCP, myoblasts were moved to differentiation medium and
cultured for 7 days. The composition of the differentiation medium
was similar to that of the growth medium, but additionally contained
horse serum (2%). The differentiation medium was refreshed every
3 days. The formation of myotubes was visualized after 4 and 7 days.
Cells were fixed with formaldehyde (3.7% v/v) in DPBS for 15 min at RT,
permeabilized with Triton X-100 (0.3% v/v) for 5 min at RT, blocked with
glycine (300 mm) for 30 min at RT, again blocked with bovine serum
albumin (BSA) (5% w/v) in DPBS for 20 min at RT, and incubated with
mouse monoclonal anti-fast skeletal myosin IgG antibody diluted 1:1000
in DPBS containing BSA (0.1% w/v) overnight at 4 °C. The samples
were then incubated for 60 min with the goat anti-mouse IgG-Alexa
Fluor and Hoechst at a 1:1000 dilution in BSA (0.1% w/v). Random
images were captured using a fluorescence microscope to evaluate
myotube length, width, alignment, and aspect ratio.
Electrical Stimulation of Myotubes on Collagen Fibers: Differentiation
of C2C12 cells cultured on collagen fibers was induced after 11 days of
culture in growth medium and was continued for 7 days in differentiation
medium. The formation of myotubes was visualized, and on day 7 after
differentiation, cells were stimulated electrically using a custom-made
electrical stimulation device to evaluate the functionality of the myotubes.
Collagen fibers were moved to stimulation medium (differentiation
medium + MEM-non-essential amino acid + MEM-essential amino acid
(2% v/v)). For stimulation, following the authors’ previous studies,[58]
the electrical field was applied to two parallel platinum wires attached
to the dish cap with a separation of 1.5 cm placed perpendicular to the
collagen fiber axis in a 35 mm culture dish. Myotubes were stimulated
without any training by applying an electrical square-wave pulse (6 V,
frequency: 1 Hz, duration: 1 ms). Time-lapse imaging was performed to
image the beating myotubes (Leica DMi8, Germany).
Myogenesis on Collagen Fiber Assemblies: Collagen fiber structures
were prepared as described before. After multiple washing steps
with water and 70% ethanol for 1 h, collagen fiber assemblies were
sterilized on a clean bench using a UV light for 20 min. In flat woven
samples, growth medium was added to each sample after seeding
cells on top and incubating for 1 h at 37 °C. In tubular structures,
cells were pipetted into the opening and incubated for 1 h at 37 °C at
1 rpm using a rotational mixer. After 1 h, tubes were transferred to an
ultra-non-adherent well plate, and growth medium was added. After
6 days of culture in the growth medium, samples were transferred
to the differentiation medium and incubated for another 7 days. The
composition of the differentiation medium was similar to the previous
experiment, and additional ITS (1% v/v) was added. The differentiation
medium was changed every 3 days.
The formation of myotubes and the sarcomere structure was
visualized after 7 days of differentiation. Cells were fixed, permeabilized,
blocked, and either incubated with mouse monoclonal anti-fast skeletal
myosin IgG antibody diluted 1:1000 in BSA (0.1% w/v) solution or with
anti-sarcomere α-actinin antibody diluted 1:200 in BSA (0.1% w/v)
solution at 4 °C overnight. The samples were then incubated for 60 min
with the goat anti-mouse IgG-Alexa fluor 488 1:200 and Hoechst, at a
dilution of either 1:1000 (myosin staining) or 1:200 (α-actinin staining)
in BSA (0.1% w/v) solution. Random images were taken using a
fluorescence microscope and confocal microscope (Leica DMi8 SP8
HyVolution, Germany) to evaluate myotube formation.
Co-Culture Experiments: Collagen fibers were prepared and sterilized
as before. Two groups of samples were prepared. In the first approach,
both, C2C12 myoblasts and NIH/3T3 fibroblasts, were labeled with two
different cell trackers before cultivation. Cell tracker red CMTPX was
used to label NIH/3T3 fibroblasts, and the SYTO 9 green cell tracker was
used to label C2C12 mouse myoblasts. According to the manufacturer
protocols, 100 000 cells mL–1 were incubated in a medium containing
CMTPX (5 µm) (fibroblasts) or SYTO (10 nm) (C2C12) for 1 h at 37 °C.
Small volumes containing (10 µL) 100 000 cells of each cell type were
carefully cultured on each side of the construct separately, followed by
an hour incubation for initial adhesion of the cells before adding the
culture medium of C2C12.
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After five days of culture in the growth medium, the cell constructs
were moved to the differentiation medium for another seven days, and
the medium was refreshed every other day. Differentiation medium
contained ITS (1% v/v). On day 7 of differentiation, unlabeled cells were
fixed and double stained with Phalloidin Rhodamine B (100 nm) to stain
the actin filaments and anti-sarcomere α-actinin mouse monoclonal
1:200 conjugated with secondary antibody goat anti-mouse IgG-Alexa
Fluor 488 1:200 in BSA (0.1%). The nuclei were stained with Hoechst
using a 1:1000 dilution. After 1 h of incubation at 37 °C the samples were
washed and imaged using confocal microscopy.
Statistical Analysis: All measurements were made at least in triplicates
and tested independently. Data were reported as mean values ± standard
deviation. Two-way ANOVA with Bonferroni test was performed for cell
culture experiments using Origin 2019b software, and differences were
displayed as statistically significant if p ≤ 0.05. Statistically significant
values were presented as *p ≤ 0.05, **p ≤ 0.01, and ***p ≤ 0.001.
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